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ABSTRACT

Among all enzymes in nature, RNase P is unique in
that it can use either an RNA- or a protein-based
active site for its function: catalyzing cleavage of
the 5′-leader from precursor tRNAs (pre-tRNAs). The
well-studied catalytic RNase P RNA uses a speci-
ficity module to recognize the pre-tRNA and a cat-
alytic module to perform cleavage. Similarly, the re-
cently discovered proteinaceous RNase P (PRORP)
possesses two domains – pentatricopeptide repeat
(PPR) and metallonuclease (NYN) – that are present
in some other RNA processing factors. Here, we com-
bined chemical modification of lysines and multiple-
reaction monitoring mass spectrometry to identify
putative substrate-contacting residues in Arabidop-
sis thaliana PRORP1 (AtPRORP1), and subsequently
validated these candidate sites by site-directed mu-
tagenesis. Using biochemical studies to characterize
the wild-type (WT) and mutant derivatives, we found
that AtPRORP1 exploits specific lysines strategically
positioned at the tips of it’s V-shaped arms, in the first
PPR motif and in the NYN domain proximal to the cat-
alytic center, to bind and cleave pre-tRNA. Our results
confirm that the protein- and RNA-based forms of
RNase P have distinct modules for substrate recog-
nition and cleavage, an unanticipated parallel in their
mode of action.

INTRODUCTION

The 5′ maturation of precursor tRNAs (pre-tRNAs) is cat-
alyzed by RNase P, an essential endonuclease (1). RNase P
in the three domains of life displays variation in its subunit
composition and even in the make-up of its catalytic center

(2–7). Broadly, RNase P can be classified into two archi-
tectures: (i) a ribonucleoprotein (RNP) form, where a cat-
alytic RNA is associated with one, up to 5 and 10 protein
cofactors in Bacteria, Archaea and Eukarya (nucleus), re-
spectively; and (ii) an RNA-free, protein-alone form found
in nucleus/organelles of four out of the five eukaryal super-
groups (4,8). Because the proteinaceous RNase P (PRORP)
variant shares no sequence similarity with the protein sub-
units of the RNP forms, the two RNase P types reflect in-
dependent evolutionary paths. The basis for this diversifica-
tion remains unclear, as is the coexistence of these two forms
in the same cell but in different compartments (4,7–10).

Unlike the RNP variant first described a few decades
ago (1,11), PRORP was discovered recently due to the
painstaking purification and characterization of human mi-
tochondrial RNase P (7), which showed that three proteins
(MRPP1, MRPP2 and MRPP3) are essential for this ac-
tivity. However, MRPP3 homologs in Arabidopsis thaliana
were soon after shown to be active as single (recombinant)
polypeptides and named PRORPs (9). Subsequent reports
confirmed activities of recombinant PRORPs from the alga
Ostreococcus tauri (10), the protozoan Trypanosoma brucei
(12) and the moss Physcomitrella patens (13).

Since the discovery of PRORP (7), there has been inter-
est in examining whether the two structurally distinct forms
of RNase P are functionally comparable. Despite differ-
ent active-site scaffolds, both RNase P variants exploit a
Mg2+-bound water as the nucleophile to hydrolyze the scis-
sile phosphodiester bond in pre-tRNAs (14–16). Moreover,
genetic complementation assays revealed that PRORP res-
cues mutations that eliminate the activity of the two-subunit
RNase P RNP in Escherichia coli and the 10-subunit RNP
in Saccharomyces cerevisiae (9,12,17). Results from these ge-
netic studies are remarkable since in vitro PRORP exhibits
a kcat/Km up to three-orders of magnitude lower than those
of bacterial or eukaryotic RNase P RNP variants (6,14,16).
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While it is difficult to correlate catalytic and fitness land-
scapes, understanding the mechanisms of substrate recog-
nition and cleavage strategies of the two forms of RNase
P is essential to determine if each has distinctive traits that
prove useful under select conditions. Also, such efforts may
yield general insights into the transition from an RNA to a
protein world.

The A. thaliana (At) nuclear genome encodes three
PRORPs. While AtPRORP1 is targeted to mitochondria
and chloroplasts, AtPRORP2 and AtPRORP3 are local-
ized to the nucleus and appear to be functionally redun-
dant (9,18). AtPRORP1 cannot be knocked out (9). Its
knock-down by RNAi in stable transgenic plants revealed
that, although protein synthesis was adversely affected in
both organelles, only photosynthesis was defective and mi-
tochondrial respiration was unaffected (19). Strikingly, the
effects on processing of individual organellar tRNAs in
these knock-down lines were variable (19); similar findings
were reported from knock-down of AtPRORP1 by tran-
sient virus-induced gene silencing and from knock-out of
organellar PRORPs in P. patens (13,18). Also, recombinant
AtPRORP1, AtPRORP2 and AtPRORP3 exhibit some sub-
strate selectivity as evidenced by a 13-fold variation in cat-
alytic efficiencies for processing of select nuclear and or-
ganellar pre-tRNAs (20). Together, these results suggest
that organellar PRORPs might preferentially process cer-
tain pre-tRNAs. To understand this substrate bias, we in-
vestigated here the structural basis for substrate recognition
by AtPRORP1.

The high-resolution crystal structure of AtPRORP1 re-
vealed a sequential arrangement of N-terminal pentatri-
copeptide repeat (PPR), central zinc-finger and C-terminal
Nedd4-BP1 YacP nuclease (NYN) domains (15). The cen-
tral domain orients and stabilizes the PPR and NYN do-
mains, which constitute the arms of a V-shape structure
(15). PPR proteins are prevalent in plant and other eukary-
otic proteomes, and play critical roles in regulating RNA
stability and editing, transcription and translation (21,22).
PPR domains are composed of different numbers of PPR
motifs (∼35 aa), each of which adopt a helix-turn-helix
fold and enable modular RNA recognition by using two or
three amino acids for readout of a specific nucleotide (23–
28). The NYN domain, which is found in all three domains
of life, is an ancient nuclease motif that utilizes Mg2+ for
phosphodiester cleavage (29). Based on the domain archi-
tecture of AtPRORP1, a division of labor between the PPR
and NYN domains with respect to substrate recognition
and cleavage, respectively, was expected (4,15). Mutagenesis
data provide preliminary support for this idea. First, delet-
ing the first four of the five tandemly-arranged PPR motifs
in AtPRORP1 resulted in a 34-fold pre-tRNA binding de-
fect and decreased cleavage rate by >2000-fold (15). Also,
mutating the conserved active-site aspartates residues in the
NYN domain eliminated AtPRORP1 activity (9,15). Sec-
ond, two observations led to the idea that AtPRORP1 might
recognize the ‘C56 G/A57 A58’ sequence in the T-loop of
pre-tRNAs (30): (i) footprinting assays on a UV-crosslinked
AtPRORP1–pre-tRNA complex revealed that nucleotides
in D/T-loops were protected from nuclease digestion (31);
(ii) the nucleotide code predicted based on the key residues
in the highly conserved PPR motifs 2, 3 and 4. Indeed, sin-

gle time-point assays showed that changing the identity of
C56 or A57 or A58 led to a variable (up to 6-fold) decrease
in activity (30), although adverse effects from alterations to
T-loop structure were not ruled out.

There are now two models that show docking of the pre-
tRNA on AtPRORP1, with the PPR motifs recognizing the
D/T-loop and the NYN domain positioned near the cleav-
age site (30,31), but there are few details in terms of which
residues in AtPRORP1 contact the pre-tRNA. To this end,
we employed chemical footprinting based on lysine mod-
ification coupled with multiple-reaction monitoring mass
spectrometry (MRM MS) to identify the pre-tRNACys con-
tacting sites in AtPRORP1. Moreover, to validate that the
identified sites were bona fide, we used site-directed mutage-
nesis followed by pre-tRNACys binding and cleavage assays.
Our results show that multiple lysines in the PPR and NYN
(but not the central) domains in AtPRORP1 contact the
pre-tRNA, and support the idea that despite their indepen-
dent evolution both RNase P variants utilize two distinct
modules to accomplish substrate recognition and cleavage.

MATERIAL AND METHODS

Molecular cloning, overexpression and purification of
AtPRORP1

See Supplementary Information for details.

Labeling of pre-tRNACys for binding and activity assays

The DNA templates for in vitro transcription were ampli-
fied using PCR with Phusion High-Fidelity DNA poly-
merase (New England Biolabs). The template for PCR was
pBT7-ptCys-5523 (see Supplementary Information) (32).
To generate pre-tRNACys with a 5-nt 5′-leader and 0-nt
3′-trailer (i.e. terminating at the discriminator position;
Supplementary Figure S1), the DNA templates were gen-
erated using 5′-taatacgactcactataggtttggctaggtaacataatg-3′
(bold italicized font denotes the T7 RNA polymerase pro-
moter) and 5′-aggccaaggacggagtc-3′. Alternatively, chang-
ing only the reverse primer to 5′-gttatttctggtcatgaagg-3′ per-
mitted generation of a template to transcribe pre-tRNACys

with a 5-nt 5′-leader and 23-nt 3′-trailer (Supplementary
Figure S1). After in vitro transcription by T7 RNA poly-
merase, the reactions were subjected to DNase I treatment,
phenol-chloroform extraction, extensive dialysis against
water and precipitation with ethanol. The concentration of
pre-tRNACys with or without the 23-nt 3′-trailer was then
determined using Abs260 values and the extinction coeffi-
cients of 1.012 or 0.827 �M cm−1, respectively, which we ex-
perimentally determined by hydrolysis of these RNAs with
sodium hydroxide.

For use in binding assays, pre-tRNACys was 3′-labeled
with fluorescein. The RNA was first subjected to pe-
riodate oxidation and then reacted with fluorescein-5-
thiosemicarbazide (33,34). For use in cleavage assays, pre-
tRNACys was radiolabeled at its 5′ end. The in vitro tran-
scripts were de-phosphorylated with an alkaline phos-
phatase, and 5′-labeled with [� -32P]-ATP and Optikinase
(Affymetrix). The labeled RNA was then gel purified using
denaturing PAGE [8% (w/v) polyacrylamide, 7 M urea].
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The choice of substrates for the footprinting, bind-
ing and cleavage assays was empirically determined based
on results from our preliminary studies. First, for our
initial chemical footprinting coupled to matrix-assisted
laser desorption/ionization time-of-flight (MALDI-ToF)
MS studies, we used a pre-tRNACys containing a 55-nt 5′-
leader and a 23-nt 3′-trailer because this substrate was previ-
ously used in AtPRORP1 binding and cleavage assays (15).
During our subsequent ESI MS/MS experiments, we found
that the results obtained with the 55-nt 5′-leader and 23-nt
3′-trailer variant were quite similar to those obtained with
substrates in which the leader and trailer lengths were de-
creased to 5 nt and 0 nt, respectively (Supplementary Ta-
ble S1). Because trimming of the substrate was expected to
minimize possible non-specific interactions, all the MS data
were obtained using pre-tRNACys with a 5-nt 5′-leader and
0-nt 3′-trailer. This substrate was also used for the cleavage
assays. Second, for the fluorescence polarization binding as-
says, we typically introduce a fluorophore at the 3′-terminus.
Because a bulky fluorophore at the 3′-end of a pre-tRNA
with a 0-nt 3′-trailer was expected to interfere with bind-
ing to AtPRORP1, we decided to use a variant with a 5-nt
5′-leader and 23-nt 3′-trailer. Pre-tRNACys with a 23-nt 3′-
trailer is cleaved only 2-fold slower than the 0-nt counter-
part (data not shown), indicating that these two substrates
are recognized and cleaved comparably by AtPRORP1.

Biotinylation of AtPRORP1 and AtPRORP1–pre-tRNACys

complex

For these experiments, 21 �M pre-tRNACys in binding
buffer [20 mM HEPES (pH 7.2), 100 mM NH4OAc, 4 mM
DTT] was refolded by incubating at 95◦C for 3 min, 37◦C
first for 10 min and then for 30 min in the presence of 1 mM
Ca(OAc)2, and finally slow cooling to 25◦C. Subsequently,
8.3 �M AtPRORP1 was added to promote complex for-
mation for 15 min at 25◦C. The resulting AtPRORP1–
pre-tRNACys complex was then incubated with 1 mM N-
hydroxysuccinimidobiotin (NHSB) in a final volume of 20
�l at 25◦C for 30 min, and the reaction quenched by addi-
tion of 200 mM Tris-HCl (pH 7.5). Control reactions with
AtPRORP1 alone excluded pre-tRNACys.

In-gel pepsin digestion

Subsequent to biotinylation, 30 �l of 0.3 �g/�l of
AtPRORP1 was gel purified using SDS-PAGE [12%
(w/v) polyacrylamide]. The gel was stained with Bio-safe
Coomassie (Bio-Rad) for 45 min, and destained in water
for 1 h with shaking. Visualized protein bands were excised
and cut into ∼1 × 1 mm slices, and destained twice (or more
times if the color remained) using 50% (v/v) methanol in 25
mM NH4HCO3. The gel slices were then dehydrated in 50%
(v/v) acetonitrile in 25 mM NH4HCO3 and then in 100%
(v/v) acetonitrile, before being completely dried in a Speed-
Vac. The sample was reduced in 25 mM DTT at 56◦C for 20
min, and alkylated with 55 mM iodoacetamide in the dark
at 25◦C for 20 min. After reduction and alkylation, the gel
pieces were rinsed twice with water, and then dehydrated as
described above, and dried using a SpeedVac. The in-gel di-
gestion was initiated by adding 100 �l of 0.01 �g/�l pepsin

(Promega), which had been dissolved in 50 mM NH4HCO3
(pH 2, adjusted with formic acid), and incubating at 37◦C
for 8 h with shaking. The reaction was centrifuged at 12 000
g for 5 min, and the supernatant was collected and kept on
ice. The pellet containing the gel pieces was immersed in
60% (v/v) acetonitrile and 0.1% (v/v) trifluoroacetic acid,
sonicated using a water bath sonicator (VWR) for 30 min
and centrifuged at 12 000 g for 5 min. The supernatant
from this second centrifugation was combined with the first,
completely dried in SpeedVac, and stored at −80◦C until
analysis.

For Glu-C proteolysis of AtPRORP1, the post-
biotinylation processing steps until dehydration were
the same as those with pepsin. Subsequently, digestion with
100 �l of 0.01 �g/�l Glu-C (Promega) was performed in 50
mM NH4HCO3 (pH 7.5) at 37◦C overnight with shaking.
The reaction was quenched using 0.5% (v/v) formic acid
and centrifuged at 12 000 g for 5 min. The supernatant
from the in-gel digest with Glu-C was processed similarly
as pepsin (see above).

Liquid chromatography-coupled electrospray ionization (LC-
ESI) tandem mass spectrometry

For an initial inventory of pre-tRNACys contacting sites
in AtPRORP1 (Supplementary Table S1), we employed a
bottom-up proteomics approach (35,36). The peptides ob-
tained from in-gel digestion with pepsin were analyzed on
an Orbitrap Elite (Thermo Fisher Scientific) mass spec-
trometer, which was directly coupled to a nanoACQUITY
UPLC (Waters). Approximately 0.5 �g of peptides [dis-
solved in 0.1% (v/v) formic acid] was injected onto a Waters
NanoACQUITY UPLC HSS T3 C18 column (75 �m × 150
mm, 1.8 �m particle size). The peptides were separated us-
ing mobile phase A [0.1% (v/v) formic acid] and B [acetoni-
trile, 0.1% (v/v) formic acid] over a 40-min gradient (5 to
35% B) at flow rate of 0.5 �l/min. The eluate was ionized in
a Nanospray Flex ion source (Thermo Fisher Scientific) at
1.7 kV, and directly introduced into the mass spectrometer
with the capillary heated at 275◦C. MS was performed at
high resolving power (240 000 FWHM) using the Orbitrap,
and MS/MS was performed in the front-end Velos Pro lin-
ear ion trap. The top 10 most intense peaks in the full MS
scan (400-1600 m/z) were sent to collision-induced dissoci-
ation for fragmentation with an isolation width of 2 m/z.
Dynamic exclusion was used with a repeat count of 1 and
the exclusion duration was set to 15 s. The peptide sequences
were identified from LC-ESI MS/MS data using SEQUEST
HT in Proteome Discoverer 1.4 (Thermo Fisher Scientific)
at a 1% false discovery rate. This software was also used to
quantitate the precursor ion area of each identified peptide.

Multiple-reaction monitoring (MRM)

MRM was performed using a Waters Xevo TQ-S triple-
quadrupole mass spectrometer, which was directly cou-
pled to a Waters nanoACQUITY UPLC. Approximately
0.1 �g [dissolved in 0.1% (v/v) formic acid] of the di-
gested sample was injected, and separated over a 10-
min gradient (2 to 35%B). Electrospray source condi-
tions were applied with 2.7 kV capillary, 50 V cone,
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20 V source offset, 110 to 150◦C source temperature,
and 2 to 7 bar Nebulizer gas flow. The collision en-
ergy for each targeted peptide was predicted by Skyline
software (https://brendanx-uw1.gs.washington.edu/labkey/
project/home/software/Skyline/begin.view) (37). This soft-
ware was also used for visualization and quantitation of the
transitions of the targeted peptides.

Quantitating levels of protection

Substrate-contacting sites were first determined by a
semi-quantitative method that used LC-ESI MS/MS
data. The peak area of a peptide without lysine
(145AEAATESSPNPGLSRG160 derived from AtPRORP1)
was used as a reference for normalization of peak areas
of biotinylated peptides. The normalized value for each
lysine from PRORP1 either alone or when it was bound to
pre-tRNACys was compared, and the degree of protection
was calculated for each peptide as:

Level of protection = AtPRORP1 alone
AtPRORP1−pre-tRNA complex

In instances where the lysine residue(s) was present in
multiple peptides, the protection level calculated for each
of these peptides was averaged to obtain a mean value.

For the MRM experiments, more than three transitions
were selected for each peptide, with the exception of in-
stances where only two predominant transitions were de-
tected due to the proximity of two biotinylated lysines in
a small peptide. Peak areas of all transitions from each bi-
otinylated peptide were summed, and normalized against
that of a similar summation performed for the reference
peptide (145AEAATESSPNPGLSRG160).

Fluorescence polarization (FP)-based binding assays

Indicated amounts of AtPRORP1 were mixed with 20 nM
3′-FTSC labeled pre-tRNACys in 20 mM HEPES pH 7.2,
10 mM Ca(OAc)2, 100 mM NH4OAc, 4 mM DTT and 5%
(v/v) glycerol. After incubation in a 384-well plate (Corn-
ing Costar black round bottom) for at least 10 min at 22–
25◦C, fluorescence polarization values were collected using
M1000 PRO (Tecan) with G factor set to 1.2. We deter-
mined �P at each AtPRORP1 concentration tested by sub-
tracting the polarization values (P) observed in the pres-
ence of different AtPRORP1 concentrations from those ob-
served with the substrate alone, and used KaleidaGraph
(Synergy) to obtain the dissociation constants by fitting
to �P = �Pmax×[AtPRORP1]

KD+[AtPRORP1] . While representative data from
a single trial with wild type AtPRORP1 and each mutant
tested are shown (Supplementary Figure S5), the curve-fit
errors for the KD values were ≤23% in three or more trials.

Cleavage assays

For determining RNase P activity, 5′-[32P]-labeled pre-
tRNACys (<40 nM) was refolded in 20 mM HEPES (pH
7.2), 10 mM Mg(OAc)2, 100 mM NH4OAc, 4 mM DTT,
5% (v/v) glycerol. The reaction at 37◦C was initiated by
adding 2 �M AtPRORP1, which has been pre-incubated in
the same buffer as the substrate for 10 min. At defined time

points, 5-�l aliquots (from a total assay volume of 50 �l)
were withdrawn and quenched using 10 �l stop solution [7
M urea, 20% (v/v) phenol, 0.2% (w/v) SDS, 10 mM EDTA,
0.05% (w/v) bromophenol blue and 0.05% (w/v) xylene
cyanol]. Reaction contents were separated using denaturing
PAGE [8% (w/v) polyacrylamide, 7 M urea], and visualized
using the Typhoon Phosphorimager (GE Healthcare). We
employed ImageQuant (GE Healthcare) to quantitate the
amount of substrates and products, and used KaleidaGraph
(Synergy) to calculate the rate (kobs) by fitting to Pt = Pmax
× (1 − e−kobs t), where Pt is the product formed at time t.
While representative data from a single trial with wild type
AtPRORP1 and each mutant tested are shown (Supplemen-
tary Figure S6), the curve-fit errors for the kobs values were
≤17% in three or more trials.

RESULTS

Probing surface topology of lysines to map AtPRORP1–pre-
tRNACys contacts

Due to the availability of a crystal structure for AtPRORP1
and kinetic studies describing its cleavage of Arabidopsis
mitochondrial pre-tRNACys (14,15), we chose this enzyme-
substrate pair for our experimental studies to map RNA–
protein contacts. We employed a high-resolution MS-
based protein footprinting approach (38-42) in which an
amino acid-modifying agent is used to distinguish in an
RNA/DNA-binding protein those positions with decreased
accessibility when the nucleic acid ligand is present. We fo-
cused on NHSB-mediated biotinylation of lysines because
(i) lysine-phosphate is one of the most common amino
acid-nucleotide contacts in RNA–protein complexes (43–
45), and (ii) there are 43 lysines distributed across the three
structural domains of AtPRORP1 (496 aa total in the con-
struct we used). Briefly, this method entails treating the free
AtPRORP1 and the AtPRORP1–pre-tRNA complex (as-
sembled in the presence of Ca2+ to prevent cleavage) with
NHSB before separation by SDS-PAGE. The polypeptides
are then subjected to in-gel proteolytic digestion and MS
analysis to identify the positions that are protected by the
pre-tRNA (Figure 1).

The choice of Ca2+ in the above experiments was guided
by previous findings. First, AtPRORP1 shows no detectable
pre-tRNA cleavage activity in the presence of Ca2+, even
though fluorescence polarization assays show tight sub-
strate binding (15); we have confirmed these findings under
our assay conditions (see below). Second, a recent hybrid
quantum mechanics/molecular mechanics free energy cal-
culation showed that differences in ligand-Ca2+ bond dis-
tances and charge transfer, and not active-site architectural
changes, underlie the inability of Ca2+ to support RNase H
catalysis (46). This reason is likely to apply to other phos-
phoryl transfer enzymes including AtPRORP1.

Improving the coverage of modified lysines in AtPRORP1

After establishing the dissociation constant of AtPRORP1
for binding pre-tRNACys [158 ± 33 nM in 1 mM Ca(OAc)2]
using FP assays, we formed the enzyme-substrate com-
plex at �M concentrations using a 2.5-fold excess of pre-
tRNACys over AtPRORP1 to minimize the presence of un-

https://brendanx-uw1.gs.washington.edu/labkey/project/home/software/Skyline/begin.view
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Figure 1. Scheme for identification of substrate-contacting lysines in
AtPRORP1 by N-hydroxysuccinimido-biotin (NHSB) modification and
mass spectrometry. (A) Incubation with NHSB is expected to biotinylate
(circled B) all solvent-exposed lysines in free AtPRORP1 but not those in-
teracting with pre-tRNACys in the substrate-bound form of AtPRORP1.
(B) Subsequent to NHSB modification, AtPRORP1 was digested with
pepsin, and the resulting peptides were subjected to LC-ESI MS/MS to
identify those with substrate-contacting lysines. Multiple reaction moni-
toring (MRM) was then used to accurately quantitate the extent of modi-
fication of each lysine in these candidate peptides. Ribbon diagrams were
generated using PDB files 4G23 (PRORP1) and 4TNA (tRNA).

bound protein. After modification with NHSB (30 min at
22◦C) and purification by SDS-PAGE, we followed estab-
lished procedures (39) using trypsin digestion followed by
MALDI-ToF MS to identify the substrate-contacting sites.
We found only seven lysines to be modified by NHSB,
of which only one (K439) showed strong protection upon
binding to pre-tRNACys (Supplementary Figure S2).

To increase the coverage of biotinylated lysines in
AtPRORP1, we reasoned that a different protease and or
an ionization method that could be coupled with LC might
prove beneficial. The clustering of lysines and arginines in
the primary sequence of AtPRORP1 and the differential
modification of lysines by biotinylation suggested that alter-
natives to trypsin would be desirable. Therefore, we sought
to use either endoproteinase-GluC or pepsin. With GluC
digestion followed by LC ESI-MS/MS, we increased cov-
erage to 28 biotinylated lysines, but K439, which we identi-
fied in our MALDI-ToF study above, was not one of them
(see Supplementary Table S1 for additional comments on
coverage of unmodified versus biotinylated lysines). When
we switched to pepsin, a protease that prefers to cleave

C-terminal to hydrophobic residues, we could identify 39
lysines: 9, 14, 7 and 9 in the unstructured regions, PPR, cen-
tral and NYN domains, respectively (Supplementary Table
S1), and this list includes K439. Because we could achieve
∼90% coverage (39/43 lysines) of AtPRORP1 with pepsin,
we chose to complete this study with pepsin.

From pepsin-generated peptides, we could reliably iden-
tify the substrate-contacting residues by comparing the
peak intensity of individual peptides containing biotiny-
lated lysines; a peptide without lysines was used for nor-
malization (Supplementary Table S1). As the raw intensi-
ties of peptides/fragment ions are comparable, any differ-
ence is likely to stem from the difference in solvent acces-
sibility of individual lysines in the presence and absence
of the substrate. Comparison of the normalized value for
lysine-modified peptides derived from AtPRORP1, free ver-
sus substrate-bound form, allowed us to calculate the pro-
tection levels at each lysine (1, no change; >1 or <1, pro-
tected from or susceptible to biotinylation upon binding to
pre-tRNACys).

Use of MRM-MS to quantitate the protection level of indi-
vidual lysines

Because data-dependent LC-ESI MS/MS is designed to
identify multiple peptides from a large sample pool, not
all peptides of interest might be detected and quantitated
with accuracy. Moreover, in peptides with two lysines (e.g.
100LKQKLDM106), low numbers of daughter ions pre-
clude pinpointing which lysine was differentially modified
by NHSB. Therefore, we used the semi-quantitative ESI
MS/MS to obtain a primary inventory of peptides that de-
served further consideration by MRM, which accurately de-
termines the protection levels of individual lysines (Figure
2A). By exploiting quadrupoles in tandem, MRM isolates
a specific protonated peptide, fragments it and transmits
only specific product ions for analysis. Thus, MRM, by us-
ing multiple precursor-product transitions, quantitates low-
abundance peptides with high accuracy (47).

From LC-ESI MS/MS (Supplementary Table S1), lysine-
containing peptides with protection levels >1.4 were se-
lected for accurate quantitation by MRM experiments. Us-
ing MRM results and a slightly more stringent protection
level cut-off >2, we identified 11 lysines as potential pre-
tRNACys–contacting sites (Figure 2B; K86, K88, K89 and
K90 in the N-terminal unstructured region; K101, K103,
K109 and K110 in the PPR domain; K439, K451 and K460
in the NYN domain). The highest protection levels were ob-
served for K101 and K109 (∼27 and 13, respectively; Figure
2B). We did not detect protection of lysines in the central
domain. Importantly, our results show that MRM can be
used to parse the protection levels of proximal lysines even
in a small peptide (Figure 2A).

Substrate-contacting sites are located in PPR and NYN do-
mains of AtPRORP1

An individual lysine in AtPRORP1 might show decreased
biotinylation in the presence of pre-tRNACys because it
either makes a direct contact with the substrate or it is
present in a region that undergoes conformational changes.
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Figure 2. Determination of substrate-contacting lysines in AtPRORP1. (A) Quantitation of two lysines in the fragmented 100LKQKLDM106 peptide by
MRM. The peak areas corresponding to individual transitions for biotinylated K101 and K103 were summed and compared in the presence and absence
of pre-tRNACys to calculate the protection levels; encircled B: biotinylation. For the sake of illustration, a peptide with two biotinylated lysines is depicted;
however, MRM analyses were always performed using a peptide with a single biotinylated lysine. (B) MS data were used to calculate protection levels of 20
lysines. Values plotted are the mean and standard deviation from three independent MRM experiments. Residues marked with asterisks were characterized
further. AU, arbitrary units; S, substrate.

To distinguish between these possibilities, we generated sin-
gle and double K→A substitutions at four positions that
showed high protection levels (Figure 2B), and compared
the pre-tRNACys cleavage and binding ability of these mu-
tant derivatives relative to the wild-type (WT). If a lysine
identified by MS is not a bona fide contact residue, its mu-

tation to alanine is not expected to affect either binding or
cleavage.

AtPRORP1 mutant derivatives (K101A, K109A,
K439A, K460A, K101A/109A, K101A/K439A and
K109A/K439A) were overexpressed in E. coli and purified
using the same procedure as for the WT. Some control
experiments were performed before characterization of
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these mutants. First, we confirmed that there was no E. coli
RNase P present in the these recombinant preparations
using reverse transcription PCR, which can identify even
100 fmol of the RNA subunit of E. coli RNase P (data
not shown). Second, although substitution of K→A
(either singly or in pairs) in �-helices was expected to
cause minimal structural perturbation, we used circular
dichroism (CD) spectroscopy to assess if these mutations
cause measurable structural alterations. The CD spectra
for the WT AtPRORP1 and the mutant derivatives are
similar (Supplementary Figure S3) and consistent with
that expected for a predominantly �-helical protein (15).
Our spectra also mirror those reported for AtPRORP1 and
AtPRORP2 using synchrotron radiation CD (31). Last,
before we determined the rate of cleavage, we validated
that the mutant derivatives cleaved pre-tRNACys at the
expected site and exhibited the same fidelity as the WT
(Supplementary Figure S4).

Using FP binding assays (Figure 3A), we determined the
dissociation constants (KD values) of AtPRORP1 WT and
mutants for binding to pre-tRNACys (5-nt 5′-leader and 23-
nt 3′-trailer). For the WT, we obtained a KD of 250 ± 34
nM; a KD of 700 nM for pre-tRNACys with a 53-nt 5′-
leader and a 24-nt 3′-trailer has been reported (15). Com-
pared to AtPRORP1 WT, all the single substitution mu-
tants have binding defects as evident from the ∼1.6- to 3.4-
fold increase in their KD values (Figure 3B and Supple-
mentary Figure S5; Table S2), confirming their substrate-
binding role as identified by MS. Among these mutants,
AtPRORP1 K101A has the highest KD value consistent
with its large protection level (Figure 2B). Among the dou-
ble mutants, AtPRORP1 K101A/K109A exhibits a 6-fold
increase in KD relative to the WT, and appears to be cu-
mulative of the effects observed with K101A (3.4-fold) and
K109A (1.6-fold) (Supplementary Table S2). The KD de-
termined for AtPRORP1 K101A/K439A is comparable to
that for K101A, while that of K109A/K439A is slightly
higher than either K109A or K439A alone.

When we performed the binding assays using pre-
tRNACys with a 5-nt 3′-trailer (instead of a 23-nt trailer),
AtPRORP1 displayed a KD of 77 ± 19 nM, indicating that
trimming the trailer from 23 to 5 nt decreased the KD by
3-fold. This decrease might result from the artefact of plac-
ing the fluorescein close to the enzyme’s active site, a pos-
sibility made likely by the observation that shortening the
trailer of pre-tRNAGly from 40 to 0 nt did not affect KM(STO)
of AtPRORP3 (48). Nevertheless, even with this substrate,
the K101A or K439A mutants displayed weaker binding
relative to the WT (KD for K101A increased 3.8-fold and
K439A increased by 1.7-fold). These results indicate that
the trend we observed with the longer-trailer pre-tRNACys

is maintained (not shown), and that AtPRORP1 does not
contact the long trailer.

K439 in the NYN domain plays a key role in pre-tRNA cleav-
age

We used time-course assays to study the cleavage of pre-
tRNACys by AtPRORP1 or its mutant derivatives under
single-turnover conditions (2 �M AtPRORP1 and <40 nM
pre-tRNA) (Figure 4 and Supplementary Figure S6). While

Figure 3. Fluorescence polarization (FP) binding assays. (A) Representa-
tive binding curves of AtPRORP1 WT for 3′-FTSC-labeled pre-tRNACys

(5-nt 5′-leader and 23-nt 3′-trailer). (B) Dissociation constants (KD) of
AtPRORP1 WT and mutants for binding to pre-tRNACys. Each KD value
plotted represents the mean and standard deviation calculated from at least
three independent experiments.

the observed rates (kobs) of AtPRORP1 K101A, K109A and
K460A are comparable to WT, AtPRORP1 K439A displays
a 3-fold decrease (Figure 4C; Supplementary Table S3). A
similar decrease is evident in the kobs of the two AtPRORP1
double mutants that contain K439A. Also, while there was
no difference in the kobs of AtPRORP1 WT, K101A or
K109A, the double mutant K101A/K109A shows an unan-
ticipated modest increase in rate (2.1-fold; Supplementary
Table S3).
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Figure 4. Cleavage of pre-tRNACys by AtPRORP1 WT and mutants.
(A) Representative time course and (B) curve fitting of AtPRORP1 WT-
mediated cleavage of 5′-[32P]-labeled pre-tRNACys (5-nt 5′-leader and 0-
nt 3′-trailer). PC, positive control, cleavage by E. coli RNase P. (C) Ob-
served rates of AtPRORP1 WT and mutants for pre-tRNACys cleavage.
Rates plotted are the mean and standard deviation calculated from at least
three independent experiments. Pre-tRNA cleavage was assessed using an
8% (w/v) polyacrylamide/7 M urea gel.

DISCUSSION

Mapping RNA–protein interactions using MRM mass
spectrometry-aided footprinting

NHSB modification and mass spectrometry have been
used successfully to map nucleic acid–protein interactions
(39,40,42), e.g. between HIV1 integrase and its DNA sub-
strate (41) and between Cbf5 (a pseudouridine synthase)
and the H/ACA guide RNA (38). Here, we made some
important changes to this method while mapping the
AtPRORP1–pre-tRNACys interface. We have demonstrated
the utility of MRM MS for accurate quantitation, and
documented the influence of protease (pepsin instead of
trypsin) and ionization method (ESI in lieu of MALDI) on
overall sequence coverage. Moreover, given the preponder-
ance of lysines in RNA-binding proteins, the application
of MRM MS to parse the specific contributions of prox-
imal lysines, which are typically inaccessible, should pro-
mote wider use of this footprinting method for mapping
contact sites in RNP complexes. Efficient modification of
other residues [e.g. arginines (42,49)] under conditions that
are compatible with stable RNP complexes will add appeal.

Substrate contacting sites in AtPRORP1: implications for
catalysis

MRM MS helped us quantitate the decreased accessibility
of 11 lysines in AtPRORP1 upon binding to pre-tRNACys

(Figure 2): four in the N-terminal unstructured region, four
in the PPR domain, none in the central domain and three
in the NYN domain (Figure 5). This finding suggests that
lysines in the PPR and NYN domains are used to engage in
electrostatic interactions with the substrate. Indeed, our se-
quence analysis of 60 AtPRORP1 homologs (Figure 6) con-
firms that many of these lysines, although not universally
conserved, are often substituted by arginines. The protec-
tion levels of the lysines identified in the central domain are
∼1 (Figure 2 and Supplementary Table S1). Although we
cannot completely rule it out, the central domain does not
appear to be directly involved in substrate binding, reaffirm-
ing its role as a structural element that enables functional
coupling of PPR and NYN domains (15). The protection
levels of the lysines in the PPR domain are higher than those
in the NYN domain, indicating importance of the PPR do-
main for substrate recognition.

Solvent accessibility considerations preclude a direct cor-
relation between protection levels and contribution to sub-
strate binding. Changes in biotinylation observed in the
presence of pre-tRNACys could also arise from conforma-
tional changes. To examine if such structural changes (and
not bona fide contact sites) led to protection levels >1, we
employed mutagenesis studies (see below). However, there
are instances where a protection level <1, reflecting in-
creased NHSB reactivity, was observed. For example, K189
(in PPR3), whose side-chain projects to the other side of the
substrate-binding concave cleft (Figure 5), becomes more
solvent accessible in the presence of pre-tRNACys and ex-
hibits a protection level of 0.3 (Supplementary Table S1,
Figure 2B).

AtPRORP1 has 5.5 PPR motifs in its PPR domain. Each
PPR motif (∼35 aa) adopts a helix-turn-helix fold, with the
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Figure 5. Map of substrate-contacting residues in AtPRORP1 structure. Three structural domains are depicted in three different colors: pentatricopeptide
repeat (PPR), central and Nedd4-BP1 YacP nuclease (NYN) domains in brown, yellow and light blue, respectively. Lysines with protection levels >2, as
determined by MRM (Figure 2B), are shown as red spheres (or as sticks in enlarged inset boxes). The right panel also depicts in green the four aspartates
that coordinate the Mg2+ for cleaving the scissile phosphodiester bond, and in orange the two histidines proposed to be important for maintaining the
local fold.

Figure 6. Location of substrate-contacting lysines in a sequence alignment
of 60 AtPRORP1 homologs. These sequences were the top-scoring hits in
NCBI BlastP when AtPRORP1 was used as the query. Black arrows indi-
cate the substrate-contacting lysines at positions 86, 88, 89, 90, 101, 103,
109, 110, 439, 451 and 460 that were identified in our experiments. Top
panel: Logo map of the N-terminal unstructured region (positions 86 to
95) and part of PPR1 (positions 96 to 115). Bottom panel: Logo map of
the NYN domain (positions 436 to 455). Logo maps were generated us-
ing the web-based Berkeley WebLogo application (http://weblogo.berkeley.
edu/logo.cgi).

two helices in anti-parallel orientation. Sequence analyses
uncovered an RNA recognition code in which bases in the
target RNA are specifically recognized by amino acids at
positions 4 and 34 in the PPR motif (e.g. T4 and N34 help
recognize an adenine) (23–27); this code has been validated
by binding studies that tested reciprocal recoding (23) and
structural studies (25,26,28). Examining the sequence con-
servation and structure of AtPRORP1 led to the idea that
PPRs 2 to 4 might hold the key for pre-tRNA recognition,
and indeed mutagenesis of the 4th position in PPR2 and
PPR3 did result in a modest 1.6- to 3-fold decrease in activ-
ity (30). Additionally, a recent study reported that mutating

positions 4 and 34 in PPR3 of AtPRORP3 led to a 100-fold
decrease in kobs for pre-tRNA cleavage (48). However, due
to the absence of lysines in PPR2 and PPR3 of AtPRORP1,
the NHSB approach could not test the substrate-binding
roles of PPR2 and PPR3. The four substrate-contacting
lysines that we identified are in PPR1 − K101 and K103 in
the middle of the first helix and K109 and K110 in the loop
that connects the first and second helix (Figure 5). Our bind-
ing assays showed that K101A, K109A and K101A/K109A
exhibit a 3.2-, 1.5- and 6-fold higher KD value compared
to the WT and establishes an important role for PPR1 for
substrate binding. Some previous findings support this in-
ference. Deletion of PPR1 and part of PPR2 in O. tauri
PRORP eliminated its activity (10). A single-endpoint as-
say showed that deletion of the entire PPR1 in AtPRORP1
led to a 20-fold decrease in its activity (30); although struc-
tural alterations in this mutant were not ruled out, it was
postulated that PPR1 might serve as a capping/stabilizing
helix for PPR 2–4. Another explanation might be that PPR1
anchors the substrate for cleavage.

As the 4th residue of PPR1 in the inner concave surface
of the V-shaped AtPRORP1, K101 offers an interesting ex-
tension to the PPR recognition code. While sequence con-
servation was used to support the claim that PPR2 and
PPR3 might be critical, our results suggest that PPR1 uses
a positively charged residue (K or R) at the 4th position
to help bind the substrate through an electrostatic inter-
action. Such a model is consistent with inferences from
high-resolution structures of PPR domains with their RNA
ligands that show some code-independent recognition and
thematic variations for some of the motifs (25,26,28). It re-
mains to be seen how K101 might network with the 4th
residue in PPR2 (N136) and PPR3 (T180), given that these
three residues all project into the substrate-binding concave
cleft (Figure 5). Although N136 and T180 were proposed
to contact C56 and A57, respectively, in the T-loop of pre-
tRNAs (30), the recognition of A57 by PPR3 in AtPRORP3
could not be established using reciprocal recoding experi-
ments with either pre-tRNA or minimal substrates (48).

http://weblogo.berkeley.edu/logo.cgi
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In the NYN domain, we reasoned that K439, K451
and K460 might contact pre-tRNACys given their NHSB-
modification protection levels >2; the �-nitrogen atoms of
K439 and K460 are only ∼5 Å apart (PDB: 4G23). Indeed,
K439A and K460A showed a ∼2-fold binding defect com-
pared to WT, and K439A also has a ∼3-fold lower cleavage
rate (Figures 3 and 4). In another study, AtPRORP1 H438A
was found to have a 2-fold lower kobs without affecting sub-
strate binding (15). It is possible that there might be other
factors including different assay conditions which might un-
derlie the substrate-binding defect of K439A (this study)
but not H438A (15). Taken together, H438, K439 and K460,
which are proximal to the highly conserved aspartates es-
sential for coordinating catalytically-important Mg2+ (Fig-
ure 5, D399, D474, D475 and D493), through electrostatic
interactions facilitate contacts with the 5′-leader and posi-
tion the cleavage site proximal to key Mg2+ ions. K439 in
the NYN domain is important for pre-tRNA cleavage.

Substrate recognition by the two classes of RNase P

Our results and those from other recent reports (20,48) al-
low important conclusions to be drawn in terms of sim-
ilarities and differences between the two RNase P vari-
ants. Foremost, the mode of functioning and overall ar-
chitecture of the two variants might largely reflect how
two different catalytic scaffolds coevolved with a highly
conserved element of the tRNA structure, namely the ‘el-
bow’ region (the tertiary contact between the D- and T-
loop) (20,48,50,51) (Mao, Chen, Gopalan and Krisebom,
in preparation). It has been pointed out that a defining at-
tribute of the tRNA structure is the elbow, which has been
exploited as a recognition determinant by different cellular
RNAs (rRNA, RNase P, riboswtiches) and proteins that in-
teract with the tRNA (50,51).

Second, the recognition of this elbow in the pre-tRNA
must be coupled to cleavage of the pre-tRNA between −1
(last position of the 5′ leader) and +1 (first position of the
mature tRNA) (48). The crystal structure of the RNase P
ribozyme reveals a bimodular structure comprising a speci-
ficity (S) domain and a catalytic (C) domain, with the S do-
main using inter-digitated T loops to recognize the elbow
(52). Biochemical studies show how a productive interac-
tion between the pre-tRNA and the S domain might lead to
an induced-fit that positions the chemical groups/Mg2+ in
the C domain to cleave the substrate (53,54). Similarly, in
the case of PRORP, the PPR domain might be responsible
for recognizing the elbow (or its structural variant) and sig-
naling the NYN domain to cleave. Evidence for such func-
tional crosstalk between the PPR and NYN domains is in-
dicated by our result that weakening PPR interactions with
pre-tRNACys (as in the case of K101A/K109A) enhances
the rate of cleavage by ∼2-fold (Figure 4; Supplementary
Table S3). Interestingly, mutations in the bacterial RNase P
RNA’s S domain affect substrate binding, cleavage-site se-
lection and either increase or decrease the rate of cleavage in
a substrate identity-dependent manner (53). The increased
rates associated with weaker ground state binding observed
with both forms of RNase P (41) might reflect a trade-off
between selectivity and catalytic efficiency (55).

Last, our results demonstrate the importance of electro-
static interactions for substrate recognition and cleavage by
PRORP. While this inference is not unexpected given that
such substrate steering is commonly used to decrease futile
encounters in protein-based catalysts (56,57), the RNase P
RNA alone cannot exploit this strategy as it cleaves another
polyanion (i.e. the pre-tRNA). Instead, the ribozyme relies
on non-covalent interactions, notably Watson-Crick base-
pairing with the substrate; for electrostatic interactions, it
utilizes the protein cofactor (4,52,54,58). These differences
have implications for their respective mechanisms of ac-
tion (i.e. whether product release is rate limiting (14)), and
illustrate how RNA- and protein-based scaffolds perform
the same reaction with substrate recognition and catalysis
strategies that exploit their respective building blocks.

The ability of PRORPs to replace in vivo the two-subunit
RNase P RNP in E. coli or the 10-subunit RNP in S. cere-
visiae (9,12,17) has inspired the notion that the different
forms of RNase P might indicate constructive neutral evo-
lution (or a form of ‘runaway bureaucracy’ (17,59,60)) and
that functional gains might not have been the drivers of
evolutionary complexity of RNase P. Although additional
studies are needed, parallels in substrate recognition by dif-
ferent RNase P scaffolds provide support for this premise.

SUPPLEMENTARY DATA

Supplementary Data are available at NAR Online.
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